
 
 

2019 SEATOR Annual Workshop General Agenda 
May 6th-May 10th 

Harrigan Centennial Hall, Chum Room 
Sitka, Alaska 

                           
Sunday, May 5th 

 Travel to Sitka  

 

Monday, May 6th 

8:00 Gather at Centennial Hall  

8:15 Welcome and introductions  

8:30 Overview of the SEATOR program Chris Whitehead 

8:45 Introduction to HABs and biotoxins Kari Lanphier, 

Esther Kennedy 

9:15 Overview of the Washington State biotoxin program – 

what does statewide monitoring look like? 

Jerry Borchert 

9:40 Ocean acidification and coastal OA monitoring Esther Kennedy 

10:00 New projects: ASP, DSP, and mercury testing Kari Lanphier 

10:15 Microplastic pollution screening methods and next steps Helen Dangel 

10:30 Break  

10:45 Introduction to shellfish biomass surveys Leigh Engel 

11:00 Funding this partnership: GAP and grant discussion Chris Whitehead, 

Michelle Davis 

11:30 Plan for the next half-day: Indigenous Guardians 

Watchmen Network Discussion 

Ray Paddock 

11:40 What is the IGWN? Christine Woll, 

Ray Paddock 

12:00 Catered lunch and IGWN discussion Ray Paddock 

4:00 IGWN wrap-up and conclusions Ray Paddock 

4:30 Mentorship training part 1 (optional) Lori Gildehaus 

   



 
 

2019 SEATOR Annual Workshop General Agenda 
May 6th-May 10th 

Harrigan Centennial Hall, Chum Room 
Sitka, Alaska 

                           
Tuesday, May 7th 

8:15 Meet at Centennial Hall  

8:30 Protocol day overview Esther Kennedy 

8:40 Performing a shellfish biomass survey Leigh Engel 

9:25 HAB and shellfish sample methods Jen Maucher 

9:40 Nutrient and ocean acidification sample collection Kari Lanphier, 

Esther Kennedy 

10:00 Break  

10:15 Biotoxin analysis and highlights from past results Kari Lanphier 

10:35 SEATOR partner updates  

11:05 Introduction to microscopes Jen Maucher 

11:20 Microscope set up  

11:35 Microscope exercises and basic slide techniques Jen Maucher 

12:00 Lunch  

1:15 Sample collection at Crescent Harbor Esther Kennedy 

2:00 Break and rinse sample gear  

2:20 HAB microscopy 101: genus ID tips and tricks Jen Maucher 

3:00 Microscopy practice  

4:15 Logistics for Wednesday and wrap up Leigh Engel 

4:30 Mentorship training part 2 (optional) Lori Gildehaus 

 

Wednesday, May 8th 

7:30 Pick up at Totem Square Hotel and drive to Starrigavan   

7:50 Site selection and shellfish sample considerations Kari Lanphier 

8:05 HAB, OA, and nutrient sample collection  

8:30 Shellfish biomass survey practice Leigh Engel 
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10:25 Rinse gear, load up, and drive back to down  

11:00 Lab tour Naomi Bargmann 

11:30 Lunch at the Mean Queen at Totem Square (optional)  

1:00 Data modeling and HAB forecasting John Harley 

1:20 SoundToxins, Axiom, and data entry Esther Kennedy 

1:40 Microscopy and data entry practice. Individual meetings 

with partners 

Jen Maucher, 

Angela Hessenius 

4:00 Biomass survey data crunching and overview of previous 

year’s results 

Leigh Engel 

 

Thursday, May 9th 

8:00 New partners meet at Centennial  

8:15 Targeted microscopy practice and filtering breakout Esther Kennedy 

10:00 Break, all partners arrive  

10:15 HAB monitoring efforts around the state Kayla Schommer 

10:30 KELP and Kodiak’s new environmental monitoring group Stephanie Palmer 

10:45 Communication and outreach discussion  

11:15 Group priorities for funding and future research  

11:45 Lunch  

1:00 Climate planning workshop: SE AK adaptation plan 

review 

Davin Holen 

4:30 Review wrap-up  

 

Friday, May 10th 

8:45 Meet at Centennial Hall in the Raven Room  

9:00 Community climate adaption planning Davin Holen 
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12:00 Lunch  

1:00 Adaptation planning continued Davin Holen 

3:00 Workshop wrap-up  
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Revised: Esther Kennedy, February 2019 

Phytoplankton Collection and Analysis Protocol 
 
 
 
 
Note: these protocols are also available visually at seator.org/training under “Training Videos”. 
Please see “HAB Tips and Equipment Care” for equipment care and tips. 

 
Part I: Field Sampling: Phytoplankton Net Tow 
 
Materials: 

• 20 micron mesh phytoplankton net with 3-5 meters of string attached. 
• Sample bottle and cap 
• Thermometer with at least 1 meter of string attached 
• Refractometer 
• Notebook 
• Squirt bottle 

 
Phytoplankton Collection Steps 

1. Start a new datasheet. Record the date, time sampled, tide level, current weather, and 
wind intensity. Write down any unusual or notable things about the sample day or the 
days immediately preceding it. 

2. Doing the plankton tow.  
a. Screw the sample bottle into the cod end of the net. Make sure it is on securely. 
b. Drop the plankton net into the water straight into the water and scoop up a netful 

of water. Lift the net out of the water and allow the sample bottle to fill. Repeat as 
necessary until the sample bottle is completely full with no air bubbles.  

c. Slowly sink the bottle and net into the water until both are completely submerged, 
making sure air bubbles don’t get trapped in the net. 

d. Next, let your bottle and net sink as far down in the water as your string will let 
you go or to just above the bottom. Pull the net straight back up to near the 
surface and start your timer.  

e. Walk the net horizontally through the water for three minutes, allowing it to 
“swim” through the top meter of water. Make sure the whole net and bottle 
always remain beneath the surface when you bring towards the surface.  

f. When the three minutes has passed, stop towing and pull the net and bottle 
vertically out of the water. 

3. Rinsing the net and concentrating the sample. 
a. Hold up the plankton net.  Using your squeeze bottle, rinse the outside of the net, 

focusing mostly on the bottom third. Try push any visible algal matter or debris 
into the sample bottle.   

b. After rinsing, concentrate the sample by holding the net close to the sample bottle 
and gently tipping the bottle to allow some water to flow back out through the 
bottom of the net. Rotate and repeat as necessary, but do not pour out more than 
40% of your sample. 
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c. Finish by quickly rinsing the bottom of the net one more time with your squirt 
bottle to clean off any plankton you stuck back to the net during concentration.  

4. Cap your phytoplankton sample and set it aside. 
5. Take the air and water temperature. 

a. Using your thermometer, record the air temperature. Then take the water 
temperature by allowing the thermometer to sit underwater for a few minutes. 
Take the temperature of the upper meter of water. Record the water temperature 
on your data sheet. Remember to take these measurements in Celsius.  

6. Take the salinity. 
a. Using your squirt bottle or a large pipette, cover the blue area on the end of your 

refractometer with water, then press the cover over it. Next, point the 
refractometer towards a source of light, and use one eye to look through. You will 
see two sets of numbers and a horizontal blue part and white part of the 
background. We are interested in the numbers on the right side at the level 
where the white and blue fields meet. Record the number at this level. This 
measurement will be the salinity of the water measured in ppt (parts per 
thousand). 

b. If you are in an area with significant freshwater lenses, use a pipette to take a 
portion of your phytoplankton sample to measure the salinity instead of using the 
surface water from your squirt bottle. 

7. When you get back to the office, rinse the phytoplankton net, thermometer, and 
refractometer in fresh water to limit corrosion and salt buildup. Hang all to dry to avoid 
mildew issues.  

 
Part I: Field Sampling: Bulk Water Sample Collection 
 
Materials 

• 1 liter sample bottle. Bring one bottle for each type of toxin analysis you anticipate. 
 
Sample Collection  
Note: This section is repeated in the Particulate Toxin Filtration protocol. 
 

1. Rinse the 1 liter sample bottle. Fill sample bottle 25% full with seawater, cap and shake 
vigorously, pour the rinse seawater over the cap. Repeat rinse three times. Rinse the 1 
liter sample bottle a few feet away from where the sample will be taken. 
 

2. Fill and cap sample bottle with surface seawater, making sure to collect more than 1 liter. 
If seawater is being collected from multiple sites, label sample bottles. Collect a 1 liter 
sample for each toxin text you anticipate having run (i.e., PSTs and domoic acid samples 
would each get their own 1L sample from the same site). 
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Part II: Sample Preservation 
 
Materials 

• Lugol’s solution (potassium iodide and acetic acid. Non-toxic, but it does stain.) 
• Test tube or similar small container. 
• Pipette 
• Marker and labeling tape 

 
Sample Fixing 

1. Gently invert your phytoplankton sample a few times to mix it.  
2. Pour 10-15 mL of your sample into a test tube or similar container. Cap the live sample 

and set aside. 
3. Using a dedicated pipette, add Lugol’s solution to your sample at a ratio of 1 mL of 

Lugol’s per 30 mL of sample (0.5 mL per 15 mL of sample). When in doubt, err on the 
side of a few extra drops of Lugol’s.  

4. Label your preserved subsample with the sample location, date, and sampler.  
5. Store in a dark place until analysis. 

 
Part III: Lab Analysis: Phytoplankton Microscopy & Identification 
 

1. Uncover your microscope and turn it on.   
2. Prepare your gridded slide:  

a. Start by wiping off any fingerprints on the slide using the mist from your breath 
or lens cleaner and a kimwipe. Do the same with your slide cover if necessary. 

b. Place the slide with the rough side up on the stage of your microscope.  
c. Gently invert your live or fixed sample a few times to mix up the phytoplankton. 

Use live samples when possible, as identification is easier. Using a pipette, take 
water from the center of your phytoplankton sample. 

d. Place a ~2 drops of water on the gridded section of your slide. Add water until the 
size of your drop is ~1/3 the size of the gridded area on your slide. When in 
doubt, err conservatively. 

e. Slowly place a square cover on over the sample by touching one edge of cover to 
ruled slide and then slowly lowering cover over gridded and water area to 
minimize air bubbles. 

 
3. Start by looking at your sample under the lowest power on the microscope (x4). Make 

sure you are focused at the correct depth on the slide, then scan the whole slide to get a 
general overview. Look for fast-moving plankton, zooplankton, and what phytoplankton 
appear to be dominant. Know that zooplankton may try to move out of the light as soon 
as possible, so doing an early quick scan can be the only chance you have to see them.  
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4. After you have observed the entire slide at this setting, you can begin your systematic, 
square-by-square inspection of sample. This should be done at the 10x power in general. 
To make sure you view the entire slide sample (without repeating sections), follow the 
rows of grid, moving back and forth until you complete entire slide.  

 

 
5. When you see something on your slide, use the phytoplankton identification guide to 

determine what genus of plankton you think it is. When you have a cell in view, you may 
increase the magnification to get a closer view, but only use the first three powers (x4, 
x10, and x40). You should never need the strongest (x100) and attempting to use this 
setting may cause a scratched or broken lens. 

6. Work through your entire slide, keeping note of any genera you observe and their 
abundance (present, common, or bloom). Abundance levels are somewhat site and genus 
specific, but in general common organisms are present in most of the squares on the 
gridded slide, while in a bloom there are multiple cells present in every square. 

7. When there are only a few minutes left, be sure to rinse your slide and slide cover and set 
them out to dry, turn the microscope off and cover it, and put any materials away.  

8. Enter all data promptly into SoundToxins (see “SoundToxins Protocol” for directions). 

4



 

 Revised: Esther Kennedy, February 2019. 
 

Particulate Toxin Filtration Protocol 
 
 
 

Note: these protocols are also available visually at seator.org/training under “Training Videos”. 
 
Materials 
  

1 liter sample bottle Waste water carboy Tweezers 
Vacuum manifold Graduated cylinder 0.45 μm cellulose nitrate filter 

Aluminum foil Sharpie  
 

Sample Collection  

This section is repeated in the Phytoplankton Collection and Analysis protocol. 
 

1. Rinse the 1 liter sample bottle. Fill sample bottle 25% full with seawater, cap and shake 
vigorously, pour the rinse seawater over the cap. Repeat rinse three times. Rinse the 1 liter sample 
bottle a few feet away from where the sample will be taken. 
 

2. Fill and cap sample bottle with surface seawater, making sure to collect more than 1 liter. If 
seawater is being collected from multiple sites, label sample bottles. Collect a 1 liter sample for 
each toxin text you anticipate having run (i.e., PSTs and domoic acid samples would each get 
their own 1L sample from the same site). 

 
Filtration 

 

1. Ensure filter rig is set up correctly (see Training Video 2 on the SEATOR website, 
seator.org/training) and that the wastewater carboy is empty or nearly so before starting. 
 

2. Gently remove 0.45 μm cellulose nitrate filter from the blue cover sheet using tweezers. Be 
careful not to rip or poke holes in the filter. Center the filter over one of the filter funnels and 
snap the magnetic cylinder over the top. 
 

3. Make sure unused filter funnel ports are closed (metal bar perpendicular to the funnel tube) and 
the ports you are using are open (metal bar parallel to funnel tube). 

 
4. Mix seawater sample by gently inverting the sample bottle three times. Pour 1 liter of the 

seawater sample in a graduated cylinder. 
 

5. Pour a portion of seawater from the graduated cylinder into the filter funnel and magnetic 
cylinder, filling until the cylinder is almost full. 

 
6. Start vacuum. Check again to make sure your filter port is open. 

 
7. Continue filling cylinder as the sample moves through the filter until the full liter has run through 

the filter 
a. If the sample is filtering very slowly, set up a second filter and filter funnel in one of the 

unused manifold ports. Once that funnel and cylinder have also been filled with water, 
open the funnel port. Repeat with the third manifold port if necessary. Note: multiple 
filters doubles the extraction time in the lab, so please try to get by with one filter.  
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8. When the entire sample has run through the filter(s), turn off the vacuum and close all manifold 
ports (this makes it easier to get the filters off). 
 

9. Remove the magnetic cylinder, and gently remove filter with tweezers. There will be a small 
vacuum under the filter, so lift the filter slowly. 
 

10. Fold each filter in half so that the phytoplankton material is inside and protected. 

 

11. Place folded filter(s) on a small square of aluminum foil (4” per side is likely large enough). 
Filters from the same 1L water sample should be wrapped in the same foil square. Fold the foil 
around the filters so that they are fully protected. 
 

12. Label the filter sample with the date collected and site location. Filters without dates or 
locations cannot be analyzed. 

 
13. Freeze filters in their foil packages until ready to mail to STA. Ship filters chilled and in a ziplock 

bag to protect them from contamination. 
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Revised: Kari Lanphier, April 2019. 

Shellfish Collection Protocol 

Sample Collection Basics 
• Shellfish samples should be collected at least as frequently as every other week. If

phytoplankton observations indicate a bloom of a HAB species, shellfish samples should
be collected as soon as possible, regardless of the date of the last testing.

• Blue mussels are the preferred species for routine monitoring. Unless establishing a new
site or testing during a HAB event, only blue mussel samples are required.

• Shellfish must be in the shell and fresh. Putrid samples will not be processed.
• Shellfish must be collected from the same beach. Test results are only valid for shellfish

collected in the vicinity of the submitted samples.

Amount Necessary 
Each shellfish sample must yield at least 100 grams of meat after shucking for analysis (3.5 
ounces). We also require shellfish samples to include at least 6 individuals from the same 
species, regardless of shellfish size. Refer to the following table for the average number of 
organisms required: 

Number of organisms to submit per sample 
Oysters 10 - 12 

Butter Clams 6 - 10 
Littleneck Clams 15 - 25 

Cockles 8-12
Horse Clams 6
Blue Mussels 60 - 110 

California Mussels 6 - 8 
Rock Scallops 6 

Geoduck 6 

Handling and Packaging 
• Do not hold shellfish in seawater or freshwater at any time after collection. Rinsing the

shellfish with seawater or freshwater to remove sediment before shipping is
recommended, however.

• If samples must be held prior to shipment, keep refrigerated and covered with a wet cloth
or paper towel until ready to ship.

• When submitting multiple species or shellfish from multiple sites, bag each separately
and make sure to label clearly.

• Pack shellfish in waterproof plastic bags and package securely to avoid leaks.
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Sample Submission 
• Include one Shellfish Biotoxin Sample Form for each sample submitted. Place form(s) in

a separate waterproof plastic bag.
• Refrigerate samples using ice packs. Samples must be in a sealable box or other container

for shipping. Insulated containers are recommended.
• Ship samples on a commercial airline such as Alaska Airlines, Ace Air Cargo, or

Seaplanes.
• Email seator@sitkatribe-nsn.gov or call 907-966-9650 when planning to ship samples to

alert lab staff.
• The preferred shipping address for the lab is:

ATTN: Kari Lanphier 
STAERL 
429 Katlian Street 
Sitka, AK 99835 
907-966-9650

Test Results 
• Each toxin (PSP/ASP) requires its own test.
• Test results will be available from one to several days, depending upon laboratory

workload.

Additional Resources 
For aid in identification of shellfish species see the Shellfish ID Chart available at 
www.seator.org/resources.  

For additional information on paralytic shellfish poisoning, amnesic shellfish poisoning, and 
harmful algal blooms see our information sheets, also available at www.seator.org/resources. 
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Navigating 
SoundToxins

Turn your phytoplankton observations into science!

A couple of notes…

 This protocol walks you through SoundToxins screen by
screen. Comments and additions to screenshots are
made in red.

 To get started, make sure you have contacted Sitka staff
to request a login and new SoundToxins site.

 Contact seator@sitkatribe-nsn.gov with your site details
(see next slide).

 Before following this protocol, navigate in your favorite
browser to soundtoxins.org.

1

2
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Steps to Success

 0) Contact STA staff with your site details (coordinates,
description, site name, samplers). Email
seator@sitkatribe-nsn.gov.

 1) Collect and analyze your sample.

 2) Sign into SoundToxins and navigate to your site’s
observation page.

 3) Create a visit.

 4) Upload all plankton observations (including non-
targeted species if you can).

 5) Repeat steps 1-4 weekly.

Navigate to soundtoxins.org, 
then…

3

4
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Enter your login information

**We need sample site name, latitude and longitude, 
the names of samplers and their contact info, and 
brief description of site. Once you send that to us, 
we’ll get you a login to SoundToxins. Go back to the 
beginning of this protocol!

Entering/Editing Data vs. 
Looking

Click here to enter or edit data
Your sites should be at the top 
of the list.

Click here to see a 
site’s observations.

5
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Entering new data

Click here to enter 
your new data.

Entering New Data

Enter observations 
and comments. 
Note that not all 
fields are filled! 
Then click “create” 
to save the visit.

7
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Entering required 
observations

Add non-target genera 
in over here. 

Add informal cell 
counts to the 
“comments” section

Make sure you enter the relative abundance, even 
if you didn’t see any harmful genera.

You must add a species, even if the 
genera is absent. Pick sp. or spp.

Additional observations

Only add genera you see. 
Take special care to add 
potentially harmful genera 
(e.g. Chaetoceros). Press 
“save and go back” when 
done.

9
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Finishing up

Press “save and go 
back” one more 
time to exit.

Congratulations! A few 
reminders:

 We only use “None”, “Present”, “Common”, and
“Bloom” (not “Abundant”).

 Even if you can’t identify all of the plankton in your
slide, you should still add additional observations about
the genera you can identify.

 Please do this in a timely manner! We check plankton
observations weekly and others do more frequently. We
don’t know if you’re seeing harmful algae if you haven’t
reported it.

11
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Querying your 
Data

See your historical data

Historical Phyto Observations

Click “Observations” for phytoplankton records and 
“Visits” for environmental data records. 

13
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Historical Phyto Observations

Use this to filter the 
results by area, 
genus, abundance, 
etc. You can have 
multiple filters 
active at once.

Selecting “Alaska Observations has 
no noticeable affect on the results. 
Use a filter to get what you need.

Transforming your curiosity 
into science

If you want to export 
the results of a search, 
select “Download” 
from this dropdown 
menu and then select 
the format you’d like 
to get those results in. 

15
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Revised: Esther Kennedy, February 2019. 

 HAB Tips and Equipment Care 

Field Equipment Care 

• Always thoroughly rinse field sample equipment with fresh water immediately upon returning to
bio lab. This will extend the life of our supplies.

• Return all field sampling gear and microscope supplies to their proper homes once dry.
• Keep field gear storage and microscope area clean and organized. Don’t leave trash, personal

items, and mess – these are shared spaces.

Microscope Care 
• Don’t eat or drink around microscope.
• When finished, turn off microscope light, return the objectives to the lowest power (x4), raise the

stage, turn off tablet, and cover the microscope. If you need to walk away for more than a few
minutes, always turn off light and cover microscope.

• When covering the microscope, make sure you cover the objectives and the whole stage.
• Don’t grab the objectives to move from one power to another – use the knobby ring instead.

Using the objectives will mis-align them over time.
• ONLY use microscope lens paper and cleansing solution when cleaning the microscope oculars

and objectives. Do not use kimwipes, paper towels, kleenex or other cleansing solutions or
materials.

• The tablets sometimes have issues turning on. If yours doesn’t readily turn on after hitting the
power button (small round button on top left of tablet) or if it shows a power bar and percentage,
hold the button down for ~10 seconds until you see the normal brand name pop up.

Slide Preparation and Care 
• To prepare slide: start by wiping fingerprints with kimwipe. Don’t put slide or covers down

because surfaces are dirty. Hold slide and covers on edge between thumb and pointer finger, to
avoid getting fingerprints on glass. Invert plankton sample a couple of times before extracting
subsample for microscopy, since plankton may have settle at the bottom. Place new, depressed
plastic pipette into water of sample, release top of pipette, then place approximately 2 drops on
ruled, gridded slide. Place small square cover on slide sample by touching one edge of cover to
ruled slide and then slowly lowering cover over gridded and water area.

• After using, rinse microscope slides, covers, and spectrometer with fresh water, dry with
kimwipes, and return to their proper cases. Don’t leave slides and covers out.

• Keep formalin-contaminated slides and covers, preserved sample slide and covers, and live
microscopy slides separated to prevent chemical contamination. Samples preserved with Lugol’s
may be looked at on “live” slides, but having dedicated slides for preserved samples is better
practice.

Microscopy Tips 
• Start sample slide in lowest power (x4). Start by getting a general view of slide. This ensures you

observe any dinoflagellates and fast-moving plankton before they move off gridded area. They
tend to flee from light and retreat to dark, black area of slide. After you have observed entire slide
at this setting, you can big systematic, square-by-square inspection of sample at the x10 power.
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• To make sure you view entire slide sample (without repeating sections) follows rows of grid, 
moving back and forth until you complete entire slide.   

• Only use the first three powers (x4, x10, and x40). You should never need the strongest (x100) 
and attempting to use this setting may cause a scratched or broken lens.  

• Quantity definitions can be fairly genus dependent but the general rule is 0 for entire 
slide=absent, 1-3 average cells or chains per grid square is present, 3-8 cells or chains per grid 
square is a common, and multiple cells or chains present in every area of the slide at the 10x 
objective is a bloom. Even if there is just one cell on entire slide it can be labeled as “present.”  

• Especially for HABs: count cells not chains and get average of at least 3 random grid squares 
when determining average cell count for slide. For P-n, 1-6 cells/square is present, 6-20 cells is 
common, and 20+ cells/square is a bloom. Alexandrium and Dinophysis are much less common, 
so more than 10 Alex or 20 Dinos should make them “common”, while more than 20 Alex and 
more than 45 Dinos should be considered a bloom.  

• If there are too many phytoplankton to count on a slide, take an average number of a 3-8 cells and 
extrapolate from there.  

• To turn an awkwardly facing phytoplankton blow carefully blow on glass or very cautiously and 
gingerly tap or move slide/cover with tip of pen/pencil. Suggestion: do this step after completing 
examination of entire slide; you will move phytoplankton everywhere, including out of view.  

SoundToxins Tips 
• ALWAYS fill out the “required observations” for the HAB genera. If you didn’t see any HABs, 

mark them “Absent” rather than leaving them blank. Select “sp” or “spp” for the species for each 
or you may get an error. 

• Input environmental observations in Sound Toxins database. In comments section include 
precipitation, weather trends day(s) before tow, who did tow, who did microscopy, and was the 
microscopy live or preserved. Include any relevant notes like “lots of oil in water,” “lots of boats 
present churning water” or “water was very dark.” Add any counts of present genera to the 
“Comments” section.  

• Click on “Additional Observations” and enter any other present phytoplankton genera that you 
saw. Additional phytoplankton observations. 
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SEATOR SUPPLY LIST
Equipment & Supplies List - 
July 2018

Equipment Function Part # Supplier Contact info Quantity List Price
Total Price Notes

Plankton Net & Sample 
Bottles  

Collect phyto sample. Student Plankton 
Net, 20 cm. dia. 3:1 #20 micron mesh, with 
cod end collar, hose clamp and 2 of the 
8oz cod end bottles.

#9120-20 Sea-Gear 
Corporation 

http://www.sea-
gear.net/student-
nets.html

1 $150 $150

Refractometer 

Dual scale salt refractometer may be used 
to determine either the parts per thousand 
of salt dissolved in  water or the specific 
gravity of salt water. Temperature 
compensated from 10°C to 30°C. Range: 0 
to 100 ppt; 1.000 to 1.070 specific gravity. 
Resolution: 1 ppt; 0.001 specific gravity. 
Accuracy: ±1 ppt; ±0.001 specific gravity. 
Dimensions: 7-3/4"L x 1-1/2" dia.

#76273 Forestry Suppliers 

http://www.forestry-
suppliers.com/produ
ct_pages/Products.a
sp?mi=50791&itemn
um=76273&title=Port
able%20Salinity%20
Refractometer%20M
odel%20STX-
3&redir=Y

1 $110 $110

Thermometer

Enviro-Safe® “Easy Read” Armor Case 
Thermometers.  Filled with an 
environmentally safe, citrus-based liquid, 
safe to use in any situation. Features a 
protective plastic jacket with window 
opening and perforations. 6" Long. -30°C to 
+50°C in 1° graduations.  NIST certified.

#89108 Forestry Suppliers 

http://www.forestry-
suppliers.com/produ
ct_pages/Products.a
sp?mi=53561&itemn
um=89108&title=6%
94%20Enviro-
Safe%20Easy%20R
ead%20Armor%20C

2 $14 $27

Buy some extras. These break fairly 
easily.

Ruled Microscope Slides  

Gridwork on this slide allows you to easily 
keep track of the contents. The specially 
lined slides feature sixty-four 2mm 
squares.

#S66585 Fisher Scientific 

https://www.fishersci.
com/shop/products/r
uled-microscope-
slides/s66585#?keyw
ord=%23S66585

3 $11 $33

Swift M10-LMS Digital 
Microscope  

Digital microscope that allows you to ID 
phyto species and transfer pictures directly 
to PC

M10T-BTW1 Swift 

https://www.swift-
microscopeworld.co
m/p-2168-swift-
digital-m10t-btw1-
tablet-

1 $1,999 $1,999

Glass or Plastic Cover 
Slips (pack of 100) To cover slides S175211A Fisher Scientific

https://www.fishersci.
com/shop/products/g
lass-microscope-
slides cover slips

4 $26 $104
Glass cover slips are much nicer, but 
more expensive. Look for plastic 
ones to cut costs.

Transfer Pipets (1.5mL, 
400count/pack) Transfer sample bottle to slide 13-711-25 Fisher Scientific

https://www.fishersci.
com/shop/products/s
amco-fine-tip-
transfer

1 89 $89

Lens Cleaner Clean oculars 22143974 Fisher Scientific https://www.fishersci.com 1 49 $49
Lens Paper 11-995 Fisher Scientific https://www.fishersci.com 1 95 $95
Nylon Rope for net 15' to allow for net to swim Local 1 5 $5 Buy this locally.
String for thermometer 3' + to sink thermometer below surface Local 1 2 $2 Buy this locally.

Filtration Supplies
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https://www.fishersci.com/shop/products/fisherbrand-lens-paper-3/p-95151#?keyword=lens+paper


Filter rig 3-place filter 
manifold Filtering sample  # 09-753-39A Fisher Scientific

https://www.fishersci.
com/shop/products/fi
sherbrand-pvc-
vacuum-
manifolds/0975339a

1 $1,190 $1,190

Filter funnels (47mm, 
300mL capacity) Filtering sample # 4242 Pall/Gelman 

Scientific

http://www.pall.com/
main/laboratory/prod
uct.page?id=20098

3 $240 $720

Oilless Vacuum pump Filtering sample # S63086 Fisher Scientific

https://www.fishersci.
com/shop/products/o
il-less-pressure-
vacuum

1 $550 $550

In Line vacu guard Filtering sample SLFH05000 Fisher Scientific

https://www.fishersci.
com/shop/products/e
md-millipore-millex-
filters inlet outlet

1 $138 $138 Pack of 10. This should last you a 
while.

Tubing 3/8 ID 1/8 wall Filtering sample 14-169-7H Fisher Scientific

https://www.fishersci.
com/shop/products/fi
sherbrand-clear-pvc-
tubing

1 $173 $173

  y g      
store as well or on McMaster.com. 
You don't need more than 5 or 6 feet. 
Fisher sells it in 50 ft increments.

Tubing 1/4 ID 1/8 wall Filtering sample 14-169-7D Fisher Scientific

https://www.fishersci.
com/shop/products/fi
sherbrand-clear-pvc-
tubing 13/141697d

1 $109 $109 Same deal with this tubing. Try to get 
it locally or at McMaster.com.

Carboy Heavy Duty 10L PP Filtering sample 02-960-14 Fisher Scientific

https://www.fishersci.
com/shop/products/n
algene-
polypropylene heavy

1 $306 $306 Ridiculously expensive, but 
necessary

Carboy Quick 
Filling/Venting Closures Filtering sample 02-923-19 Fisher Scientific

https://www.fishersci.
com/shop/products/n
algene-
polypropylene quick

1 $139 $139

Nucleopore HA (mixed 
cellulose ester) Filtering sample HAWP04700 Fisher Scientific

https://www.fishersci.
com/shop/products/e
md-millipore-mf-emd-
millipore mixed

1 $135 $135

OA Supplies $0

12 oz amber-colored glass 
beer bottles Collect a discrete water sample Amazon

https://www.amazon.c
1 $24 $24

No screw tops! You can use your own 
beer bottles too - I'll send over a 
cleaning protocol.

Crimp-top bottle caps Close and store the discrete sample 
without any atmospheric exchange Amazon

https://www.amazon.
com/Home-Brew-
Ohio-PI-0V33-JSZX-
Bottle/dp/B00023B72

1 $7 $7
No oxygen-absorbing caps!

Bottle capper Securely crimp on bottle caps Amazon

https://www.amazon.
com/Ferrari-LDC-
4016-Bottle-
Capper/dp/B001D6K

1 $16 $16

Nitrile gloves Protective equipment to reduce the risks of 
mercury exposure from preservative Fisher Scientific

https://www.fishersci.
com/shop/products/fi
sherbrand-powder-
free nitrile exam

1 $30 $30
These are available at many other 
suppliers as well. Any disposable, 
nitrile gloves will work.

Safety glasses Protective equipment to reduce the risks of 
mercury exposure from preservative

Fisher Scientific

https://www.fishersci.
com/shop/products/3
m-virtua-eyewear-9/p-
2903998

2 $5 $10 Any safety glasses will work.

Small waste bucket For any HgCl2 and glove waste while 
collecting samples

$0
Yogurt containers or tupperwares are 
best. Something you can just drop 
things into.

Large HAZMAT waste

 g   g   y g 
siginificantly contaminated with mercury 
(paper towels from spills, gloves that got 
HgCl2 on them).

$0

A labelled 5 gallon bucket is 
appropriate. Most small communities 
only have HAZMAT pick-up once or 
twice a year  You may need to ship 
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Kimwipes or paper towels 0666A Fisher Scientific

https://www.fishersci.
com/shop/products/k
imberly-clark-kimtech-
science kimwipes

2 $9 $18
Paper towels are fine as well.

NIST-traceable 
thermomemter

Accurately measure the temperature of 
your discrete water samples. 23226-658 VWR

https://us.vwr.com/st
ore/product/4617799
/vwr-traceable-long-
stem thermometers

1 $98 $98
The ULTRA 8" thermometer is best. 
Shipping tends to be very expensive 
for these.

Labeling tape or masking 
tape

To label discrete samples with the date, 
location, sampler, and water temperature. $0

Saturated HgCl2 Halt primary production in discrete samples 
and preserve them for later analysis. R4670000500 Fisher Scientific

https://www.fishersci.
com/shop/products/
mercuric-chloride-
saturated ricca

1 $84 $84
I can mail you some if you would 
prefer not to buy it. 500mL is more 
than a lifetime's supply.
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Naomi Bargmann, January 2019 
 

Nutrient Sampling Protocol 
 

 
 
Materials 
 

• 3-5 gallon bucket 
• Nitrile gloves 
• 50-mL Falcon Tube (orange top) 
• 15-mL Falcon Tube (blue top) 
• Sharpie 

 
  
Sample Collection 
 

1. Label the sample collection Falcon tubes with the collection date and location. 
 

2. Rinse bucket three times with surface seawater, and then fill bucket a quarter to half full 
of surface seawater. 
 

3. Empty the water inside the 15-mL Falcon tube. Rinse both the 15-mL tube and the 50-mL 
Falcon tube three times with surface seawater. 
 

4. Fill both the 15-mL tube with 12 mL of surface seawater from the prefilled bucket.  
NOTE: When filling the tube, tip it at a 45-degree angle to prevent bubbles from forming. 
 

5. Fill the 50-mL tube with 20 mL of surface seawater from the prefilled bucket. 
 

6. Sample tubes need to be kept out of the light and frozen immediately after collection.  
 

7. Send to STAERL with normal shipment of shellfish for biotoxin testing. 
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Katie Pocock, Hakai Institute; revised by Esther Kennedy, April 2019 
 

Discrete OA Sample Collection Protocol  
 
 

A few notes: 
Please start with just one of the areas you’re sampling phytoplankton at. Samples should be collected 
weekly, so make sure its one of your more consistent sites. As you feel ready, please feel free to add more 
sites as long as you can collect weekly samples. Collect a triplicate sample during the first week of 
each month (3 bottles). Send bottles back to STA with your shellfish samples when you can, packing 
carefully. Do not freeze your samples!! Make sure your shipping boxes do not have “Freeze” or 
“Keep Cool” stickers on them. Include the relevant datasheet or email it to me when the bottles are on 
their way. 
 
(0) Bottle Boiling  
Any 12 oz, crimp-top, glass amber beer bottle can be used for sample collection. No screw-top bottles! 
Rinse glass beer bottles immediately after use with hot water to remove beer residue. If you are receiving 
bottles from other people, clean with hot water and a bit of soap before boiling and be sure to rinse well. 
Once pre-rinsed, fill and sink bottles in a large pot and bring to a rolling boil for at least 10 minutes. 
Make sure that bottles remain submerged, as they tend to fill with air while boiling. Allow to air dry, then 
store bottles with a bit of saran wrap or parafilm over the top to keep out dust.  
  
(1) Preparation: 
 

I. Materials needed for sampling are:  
 

- Clean beer bottles (1 on most weeks, 3 during the first week of each month) 
- Clean crimp-top bottle caps 
- Capping stand 
- Mercuric chloride (HgCl2) and small pipettes in a hard-sided secondary container 

(tupperware works well) 
- Hard-sided waste container (another great place for tupperware) 
- NIST-traceable thermometer 
- Datasheet 
- Labeling tape 
- Permanent marker 
- Gloves 
- Safety glasses 
- Kimwipes or paper towels 
- Clean 5 gallon bucket  

 
II. Label bottle(s) with the sampling date, location, sampler, and a sampling bottle number (i.e., 1, 
2, etc). These bottle numbers will just be used to match the bottles to their entries on the datasheet. 
See the example data sheet at the end of this document. For triplicate samples, please indicate 
bottle 1 of 3, 2 of 3, etc. 
 
III. Record date, location, bottle number, temperature, and local time on datasheet (see last page 
for example entry) 
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(2) Sample Collection: 
 

I. Rinse your 5 gallon bucket 3x with seawater by partially filling, swishing the water around, and 
dumping it out. After the last rinse, fill the bucket with undisturbed seawater (i.e., water from 10 
feet away, nothing too far).  
 
II. Rinse each sample bottle with water from the bucket. Fill bottles to 25% volume, hold the cap 
over the top, and shake vigorously. Pour out water over the cap (NOT back into the bucket!). 
Repeat twice for a total of three rinses. 

 
III. Once rinsed, position bottle in the water so that water flows in a controlled and undisturbed 
manner into the bottle. Avoid submerging the bottle mouth completely to prevent bubbling. Fill 
the bottle up to the lip on the neck of the bottle (see photo) or to about ¾ of an inch from the top. 
If the sample bubbles excessively, pour it out (again, not back into the bucket) and re-sample. 
 
IV. Repeat steps II and IV with two additional bottles during triplicate sampling weeks. 
 

 
 
 
(3) Sample Fixing: 
 

I. As soon as the sample is collected, insert the thermometer into the bottle so that the probe is not 
touching the side or bottom of the bottle, and record sample temperature in the datasheet once the 
reading is stable. Make sure you get the temperature before adding HgCl2!  

 
II. Using gloves and glasses, carefully dispense 3 drops of HgCl2 into the sample using the pipette 
provided. If more than 3 drops are dispensed, make a note of this in the datasheet. Close the HgCl2 
and place it and the pipette back into their secondary container. Wipe up any spills immediately 
and change gloves immediately if mercuric chloride gets anywhere it shouldn’t. Change gloves 
after putting the HgCl2 back, even if there weren’t any spills, and put old gloves in a container 
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labeled “Trace HgCl2 Waste - HAZMAT. With your new gloves on, close the secondary 
container. Keep the outside of any HgCl2 container CLEAN! No dirty gloves on the outside!  
 
**Find tips for HgCl2 handling at the bottom of this document.** 
 
III. Continue using clean gloves and safety glasses in case of a spill. Place the bottle cap into the 
magnet of the capper, and position the bottle underneath. You may have to adjust capper height 
depending on the beer bottle size. **Note: the mercuric chloride in the beer bottle is extremely 
diluted and no longer considered hazmat, but use caution nonetheless. 
 
IV. Depress capper levers until you feel the cap securely snap over the bottle lip. Test the cap 
gently with your fingers to make sure it’s tight. 
 
V. Invert the bottle to allow HgCl2 to mix throughout the sample. 

 
VI. Place capped bottle back into the bottle tote and gloves in the HgCl2 waste container. Using a 
hard-sided waste container should allow you to drop things in without contaminating the outside. 
 
VII. Mail bottles to STAERL with shellfish samples or in batches, whichever is most convenient. 
The HgCl2 is dilute enough to be shipped without treating as hazmat at this state.  
 

(4) Clean Up 
 
I. Empty your HgCl2 waste container. If there were no spills, this can be emptied into a regular 
trash can. Anything used to clean up spills should be emptied into a larger hazmat trash bin. When 
full, this needs to be double-bagged and disposed of as hazardous waste (along the lines of 
batteries and fluorescent lightbulbs, not extreme poisons). 
 
II. Rinse and dry everything promptly (thermometer stems, bottle capper) so that things don’t rust 
or get encrusted with salt. 
 

  

27



 
 
 
 

4 
 

 
**HgCl2 Tips  

 
To keep your risks minimal, I would recommend the following practices: 
1. Try hard not to get mercuric chloride on the outside of the small bottle or the outside of 
anything else. You can reuse pipettes if you want to, but make sure contaminated pipettes are 
ONLY handled with gloves and live with your mercuric chloride or in their own secondary 
container. 
2. If you get mercuric chloride on your gloves for some reason, change them immediately. Like 
the pipettes, this should help keep the outsides of everything clean. HgCl2 will not soak through 
your gloves, you just don’t want to smear it anywhere. 
3. Close the bottle of HgCl2 once you have some in your pipette to minimize the risk of spilling. 
Once you’ve added three drops of HgCl2 to your sample, open the mercuric chloride bottle and 
carefully squirt the extra back in, then recap the bottle and immediately place it and the pipette 
back in their secondary container(s).  
4. Change your gloves after finishing with the HgCl2 and before handling anything else. 
 
Note: hazmat disposal only happens twice a year in Sitka. The same is likely true in many other 
rural communities. Be prepared to store your glove and towel hazmat for quite a while (luckily 
they don’t take up much space). 
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(4) DATASHEET EXAMPLE: 
 
Discrete OA Sample Log 
 

Samplers: 
General Notes: 

Sample ID Date Site Time Temp 
(°C) 

Sample Notes 

01 11/22/17 Starrigavan Dock 08:30 10 Oil sheen on the water. Tried to 
avoid. 
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Revised: Naomi Bargmann, April 2019 

  Mercury in Fish Sample Collection Protocol 
 

Materials: 
• Sterile Gloves 
• Ziploc Bags 
• Sharpie 
• Knife 
• STAERL Fish Sample Form printed on Rite-in-the-Rain paper 

 

Procedure: 
Collect/Catch Fish (e.g. halibut, rockfish, lingcod, etc.): 
Once the fish is collected, record the sample number (e.g. 1, 2, 3, if sending in multiple samples), 
location, date of collection, species, length (see diagram below), approximate weight, and name 
of sampler on the STAERL Fish Sample Form. If GPS points are not available for the location, 
describe the location, e.g., "Near the north end of Middle Island in Sitka Sound.” The sample 
number corresponds to how many fish have been collected that day.  
To collect a fish sample: Label a Ziploc bag with the tissue type (fish meat), species, location, 
date, and sample number. Cut at least a 2-inch cube section (approximately the width of a smart 
phone) of meat anywhere off the filet. Don’t be afraid to cut too much, the more the better!  
Place sample in the labeled Ziploc bag and double-bag to prevent leaking. 
Place fish sample in the freezer with the STAERL Fish Sample Form. Keep samples frozen until 
shipping. Samples must be frozen for at least 24 hours before shipping to Sitka.  
 

 

 

 

 

Measure length between tip of 

mouth to fork of tail 
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Shipping:  
Ship samples Sitka using Alaska Seaplanes, or any appropriate freight service. Please inform 
SEATOR when shipping samples by calling 907-966-9650 or emailing seator@sitkatribe-
nsn.gov. 
Send samples to: 
ATTN: Kari Lanphier 
STAERL 
429 Katlian Street 
Sitka, AK 99835 
907-966-9650 

32

mailto:seator@sitkatribe-nsn.gov
mailto:seator@sitkatribe-nsn.gov


3 
 

STAERL Fish Sample Submission Form 

 

 

Sample 

Number 
Location Date Species 

Length 

(in.) 

Approx. Wt. 

(lbs) 
Name of Sampler 
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Mercury in Harbor Seal Sample Collection Protocol 
 
Materials: 

• Sterile Gloves 
• Gallon Ziploc Bags 
• Sharpie 
• Harvest Equipment (Gun, ammunition, knife etc.) 
• STAERL Harbor Seal Sample Form printed on Rite-in-the-Rain paper 

 
Procedure: 
Harvest/collect Harbor Seal: 
Once the animal is collected, record the sample number, date of collection, location, approximate 
weight, approximate length and name of sampler on the STAERL Harbor Seal Sample Form. If 
GPS points are not available for the location, describe the location, e.g., "Near the north end of 
Middle Island in Sitka Sound.” The sample number corresponds to how many seals have been 
collected that day.  
Collect muscle sample and liver sample: 
**Note that muscle sample must be collected before liver sample to avoid contamination.** 
To collect muscle sample: Label a Ziploc bag with the tissue type (muscle), sample number and 
the date. Cut a ½ pound section of muscle off the back of neck (approximately the size of a smart 
phone.) Place sample in the labeled Ziploc bag and double-bag to prevent leaking. 
To collect liver sample: Label a Ziploc bag with the tissue type (liver), the sample number and 
the date.  Remove a ½ pound section from the liver. Place the sample in the labeled Ziploc bag. 
Place the sample in the labeled Ziploc bag and double-bag to prevent leaking. 
Place muscle and liver samples in the freezer with the STAERL Harbor Seal Sample Form. Keep 
samples frozen until shipping. Samples must be frozen for at least 24 hours before shipping to 
Sitka.  
 
Shipping:  
Ship samples to Sitka on Alaska Seaplanes, or appropriate commercial airline. Please inform 
SEATOR when shipping samples by calling 907-966-9650 or emailing seator@sitkatribe-
nsn.gov. 
Send samples to: 
ATTN: Kari Lanphier 
STAERL 
429 Katlian Street 
Sitka, AK 99835 
907-966-9650 
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STAERL Harbor Seal Sample Submission Form 

 

 Sample Number Location Date Approximate 
Weight 

Approximate 
Length 

Name of 
Sampler 
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1. Surveying Intertidal Butter, Cockle and Littleneck Clam Populations - An Overview 

 

Surveys for intertidal clams take one of two basic forms, a baseline survey or an 
extensive survey. A baseline, or reconnaissance survey, is used to determine the 
following: if a stretch of beach has clams, relative clam density, and whether the clams 
are reaching a size indicative of a productive environment. This type of survey is 
relatively simple, consisting of walking the portion of the beach in question during a low 
tide (-1 ft or lower), with a clam fork or shovel and digging “test” stations at selected 
locations on the beach. Neither the clams nor the sample stations are counted or 
measured. The status of the clam population is then subjectively assessed based on what 
is seen. The surveyor’s experience is obviously valuable to such an assessment and this 
type of survey is highly recommended prior to performing a full survey, as it provides a 
good, qualitative picture of the status of the clam population with relatively little effort. 

 
Extensive surveys, as outlined in this protocol, are surveys conducted more accurately 
and more in-depth to estimate the size and status of a population. In this type of full 
survey, samples are taken in a random, stratified manner while adhering to a predefined 
sample density. The perimeter of the clam bed is defined and measured (GPS points 
recorded), sample stations are of a specific size, and all clams of interest are collected 
from each sample station, identified, measured (length and weight), and recorded. 

 
The data from an extensive survey can be used to estimate the mean clam density, the 
number and biomass of clams on the beach, and the relative distribution of the 
population. Using this information, models can be developed to relate length to weight 
for each species, thus providing for the use of length as a proxy for biomass 
measurements in the future. 

 
Primary Target Species 
This study targets the native littleneck clam Protothaca staminea, butter clam Saxidomus 

giganteus, and the cockle, Clinocardium nuttalli (Appendix C) but any clam that would 
be harvested for subsistence should also be included in this survey count. If another 
species is included in this survey, update the data sheet accordingly. 
 

Pre-survey Preparation 
Since intertidal beach surveys are highly dependent upon the tides, detailed information 
on the tidal cycles for the survey location is crucial. Spring and summer are the best time 
of year to schedule beach surveys since this is when extremely low tides occur during the 
daylight hours. Computer programs that provide precise tidal information for specific 
locations should be used. The low-tide height for survey days should be equal to or lower 
than -1.0 ft relative to mean lower low water (MLLW) and the tidal information should 
be accessible for use in the field. 
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A survey crew consists of 3-10 people depending in the size of the area to be surveyed 
and the clam density. One member, the “surveyor,” should be responsible for the “lay-
out” of the survey on the beach while the other crew members assist the surveyor, dig 
sample stations, collect samples, measure and record data. If the surveying crew has not 
worked as a team previously or is not familiar with the area, they should verbally “walk 
through” the survey process at least one day before the survey to assign roles, outline the 
plan, and become familiar with the survey location.  
 

Before the field survey begins, the designated surveyor (or other crew members) will 
determine their foot pace length by pacing a marked distance of 100 ft three times and 
recording the number of paces each time. The foot pace length is calculated by dividing 
the distance paced (100 ft) by the number of paces to determine the length of each pace. 
The average foot pace over the three trials is used. The pacing is only necessary for the 
surveyor who will mark out the layout of the survey; however, knowing all crew 
members pacing could be helpful in the event that they (anyone other than the surveyor) 
end up mapping out a part of the survey as well. Be sure to record these pace lengths as 
they will be used to map out the layout of the survey and must be able to be converted 
into regulation distances (in feet or meters).  

 
Materials and Equipment 
Survey equipment (Table 1) should be gathered and packed prior to a survey. 
 
Table 1: Survey Materials 

Shovels Rakes Pencils 

All-weather paper Gloves Sharpies 

Transect tape Survey flags Ziploc bags 

Calipers Data Collection Sheets 2 ft2 quadrats 

5 gal buckets Random Number 
Generator 

Protocol 

GPS Permit (if required) Scale 

Laminated sample #’s Protocol Cheat Sheet Clipboard 

 

Sampling Density 
Clam densities will be determined from individual sample stations 1.41 ft wide x 1.41 ft 
long located along parallel transects, with each transect running perpendicular to the 
water from the upper clam boundary (UCB) to the -1 ft tidal mark. Transects should be 
located 100 ft apart (measured out in paces) and sample stations located along each 
transect following a randomized 1-50 ft sample, then 50 ft sampled increments (described 
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later).  Final sampling density should be calculated after the survey is conducted. For 
sampling density example see Figure 1. 

 

 
 
 
 
 

 

 
 
 
 
 
 
 
 
The Survey 
The survey can commence approximately two hours before the low tide when part of the 
clam band has been exposed. Starting at one end of the beach, one or two people should 
walk the upper level of the beach digging several “test” sample stations to subjectively 
estimate the upper limit of the clam band (you can also do this by looking for the tiny 
clam holes in the sediment). At approximately 100 ft intervals, survey flags should be 
inserted into the substrate to mark the upper clam boundary (UCB). GPS points should be 
taken along this line to define the UCB for later reference. If the survey crew is familiar 
with the beach and can locate the UCB using limited test digs, they can omit the placing 
of stakes along the UCB and proceed directly to positioning the yellow flags at the start 
of each transect as described below.  
 
After the UCB has been identified, the surveyor should position her/himself at the spot 
where the end of the beach and the upper clam boundary meet; this will be Transect A. If 
the surveyor knows how many of his/her paces are 100ft, then the surveyor may begin to 
lay out the top point of each transect (where transects intersect the UCB). The surveyor 
will start at A, and then walk along the UCB for 100ft and stop to mark transect B. This 
process will continue until the whole extent of the UCB along the beach is covered (Fig. 
2). 

Example from Swinomish Tribe 

population variability report 

Thick black line = upper clam boundary 

Thin black lines = transect lines         

Points = quadrat locations. 

 

Figure 1: Sampling density  
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Once possible, some crew members can start labeling the waterline at the -1 ft tidal level 
with flags and marking this boundary via GPS coordinates as well (Fig. 3). The 
approximate time at -1 ft tidal level can be determined using a variety of free online 
searchable tidal charts such as Terra Map’s or Gaia GPS app. The -1 ft tidal level has 
been standardized as the lower limit of clam bed sampling by WDFW, Point No Point 
Treaty Council, and the Sitka Tribe of Alaska as a matter of survey feasibility and 
consistency across surveys.  

 

Figure 2: Upper Clam Boundary/transect layout 

Figure 3: Marked -1ft tidal level 
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After the initial transect start locations are established, the surveyor will lay out sample 
stations along each transect from the UCB to the -1 ft tidal level. The surveyor will start 
at the flag and count their paces along a straight line toward the water’s edge 
(perpendicular to the waterline) stopping at a random distance to mark the first sample 
station of that transect. The distances shall be determined by a list of values from 0- 50 
from a random number generator. The surveyor shall place a flag at the toe of their boot 
when completing their pace length, which will mark the center of that sampling station. 
For example, if the random number generator gives the surveyor the numbers 45, the 
surveyor would walk from the top of transect A straight towards the water for 45 ft, place 
a labeled flag for sample station A1 and record that location on the GPS. The surveyor 
would then walk 50 ft and mark A2, 50 ft and mark A3 and so on until the surveyor 
reaches the established -1 ft tidal line and then move to the next transect. For example, if 
the next sample station falls outside of the 50ft distance move to the top of transect B 
(A1, A2, A3, A4, A5, B6, B7, B8, B9, B10 etc.).  For the layout of this design see Fig. 4. 
The surveyor will continue this method down each transect line until the survey site is 
sufficiently covered. The rest of the survey crew can begin to dig stations as soon as the 
first sampling station is established. 

 
Notes: 

• The surveyor must carry a GPS to record (with the proper naming system) the 
location of each sample station being dug 

• Every sample station will be flagged and labeled with all-weather paper with 
sample station number 

• For saving time, the surveyor may choose to lay out all or a majority of transects in 
the beginning, enabling sample station diggers to move parallel to shore and dig all 
low-lying stations during minimum tidal period 

• The surveyor should always place the flag at the toe of his/her boot to eliminate 
any element of bias toward the positioning of the sample stations or transects 

• It is important to start digging the sampling stations closest to the waterline as soon 
as they are exposed to maximize efficiency 

• The surveyor should prioritize layout of the entire site, including marking all 
sampling stations’ GPS locations. This will enable the survey team to return to the 
site at the following low tide(s) and complete their survey by navigating back to 
these sampling stations.  

• After sampling is complete, the surveyor should track the entire perimeter with the 
GPS for area estimate  
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The most time-consuming component of a full beach survey is digging samples, and this 
is where a greater number of assistants is most beneficial. The 2 ft2 sampling station size 
is suggested as a matter of practical convenience and has not been statistically determined 
to be the optimal size for these species (see J.M. Elliott, 1977, to determine how the most 
statistically appropriate sample size can be calculated). 

When digging a sample, the 2 ft2 quadrat should always be centered around the sampling 
station flag marker. This consistent placement strategy should be adhered to throughout 
the entire survey to remove any placement bias that could be introduced by the sample 
diggers. As diligently as possible, attempt to make sides of the sample station vertical 
from beach surface, and remove all clams which fall within the area framed by the 
template. Excavation should be as deep as the clams could reasonably be found, which 
should be no more than 15 in. Discretion should be used to exclude any clams which 
accidentally fall into the excavated area, should the sides cave in, as is often the case.  

Sample Processing in the Field 

As the survey crew begins to dig sampling stations, a crew member who will be 
responsible for weighing and measuring the clams should be setting up a work station. 
This station should have the calipers, scale, and recording sheets (Appendices A and B). 
The recommended technique is to complete as much, if not all, of the sample measuring 
in the field so that as many clams as possible can be returned live to the beach. If clam 
samples are to be stored, they should be frozen as soon as reasonably possible. Although 

Figure 4: Survey layout  
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it can be done with only one person, it is highly recommended that there are two crew 
members present at the weighing station, one measurer and one recorder. 

During processing, use a record sheet such as Appendix A. Ensure that the survey 
location, recorders and crews name/job title, time, and date are recorded. For each clam 
processed, species, sample station code, length, weight and substrate should be recorded. 
Sample only live clams, disregard shells or shell fragments. For length, measure the 
widest part of the clam and record to the nearest millimeter (mm). Length and weights 
will be recorded on the datasheet found in Appendix B. 
 
After processing is complete, total number of hours including: preparation, travel, post 
processing and cleanup.  Take a picture of the data sheets as an additional copy and 
scan/email all data sheets to leigh.engel@sitkatribe-nsn.gov.   

 

2. Re-Burying Protocol 

After taking weights and lengths in the field, as many clams as possible should be re-
buried. If incoming tide prevents clams from being re-buried at the same sample location, 
transplanting is preferred over freezing.  

To properly re-bury a clam, ensure that the long-edge is pointing up and the hinge points 
toward the surface. Try to bury clams at a depth shallower or at depth they would 
normally live at. Cover the clams loosely with sediment as not to suffocate them.  

 
 
 
 
 
 
 
 
 
 
 
 

 

 

 

Figure 5: The proper re-burying of clams after processing 
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3. Sediment Study 

 

Another additional aspect of the shellfish survey is a study of the sediment found at each 
sample station. At each location the substrate at the surface will be analyzed and recorded 
in the data collection sheet (Appendix B). After the surface sediment is classified, the 
location will be dug down 6 inches and the sub surface sediment classified as well. Once 
this information is recorded for each sample station, this data can be uploaded to excel or 
added to the data summary sheet (Appendix A) and uploaded into GIS for further spatial 
analysis and correlation between density of species and sediment type 
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Biomass Protocol Cheat Sheet 
Surveyor Notes 

Day Before: 
• Tomorrow’s a -1.0ft tide!! See who’s available (3-10 people)
• Walk through the survey process-assign roles outline the plan, become familiar with the

survey location
• Determines Surveyor’s pace length: Walk 100ft three times, take the average. 100ft/ avg.

# of paces= foot pace length. Record on bottom of data sheets
• Print out 20 random generated numbers from 1-50 and convert to # of paces

Day Of: 
• Plan to start two hours ahead of the low tide
• Collect Materials: Calipers, Clip boards, Quadrats, Scale, Survey flags, GPS, Laminated

station #’s, Field reference, Random number generator, Data sheets, Protocol, Shovels,
Rakes, Pencils, Sharpies, All-weather paper, Ziploc bags, transect tape, gloves, buckets,
and Permit (if required)

Surveyor 

• Start at one end of the beach, digging several “test” sample stations to determine your
upper clam boundary (UCB)

• Following the UCB mark the beach at 100ft with GPS, survey flags and transect letter (A,
B, C, D etc.) along the entire extent of the beach

• Mark the waterline at the -1 ft tidal level with survey flags and GPS
• You now have the top and bottom of each transect!

• Starting at the top of the transect, count
out paces or measure along a straight line toward the water (perpendicular to the
waterline).
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• Ex: Top of transect A (place flag, label A, record on GPS), then random generated 
number ex. 45, walk 45 ft (place flag, tag #1, record on GPS), walk 50ft (place flag, tag 
#2, record on GPS), walk 50ft (place flag, tag #3, record on GPS), etc. 

• Only the first sample of that transect will be random, from then on samples will be 50ft 
apart till -1 tidal line is reached, move to top of next transect 

 
 

• Place a flag at the toe of your boot (to be consistent) with sample number to mark the center 
of that sampling station. 

• The surveyor will continue this method down each transect line until the survey site is 
sufficiently covered. 

• After the layout of the site is complete, walk the entire perimeter, tracking it with your GPS  
 
 

Notes: 

• The surveyor must carry a GPS to record (with the proper naming system) the location of 
each sample station being dug 

• Every sample station will be flagged and labeled with all-weather paper with sample station 
number 

• When walking, select an object as a bearing to keep straight lines 
• To save time, you may choose to lay out all or a majority of transects in the beginning (even 

day before), enabling sample station diggers to move parallel to shore and dig all low-lying 
stations during minimum tidal period 
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• Layout of the entire site and marking all sampling stations’ GPS locations is paramount. This 
will enable the survey team to return sampling stations.  

 

 

Biomass Survey Protocol Cheat Sheet  
Crew Notes 

Digger  

 
• Dig stations as soon as the first sampling station is established, concentrate at sites closest to 

the waterline  

• Place the 2 ft2 quadrat centered around the sampling station flag marker  
• Dig sample station vertical from beach surface and remove all clams which fall within the 

area framed by the template  

 

• Excavation should be as deep as the clams 
could reasonably be found, which should be 
no more than 15 in 

• If sampling cannot be finished in the field, all 
clams of the three target species should be 
collected in a Ziploc bag (or bucket) labeled 
with the sample station number 
 

Weighing and Measuring Crew   

 
• Set up a work station with calipers, scale, and data sheets (Appendices A, B and C) while 

crew member is digging 
• Ideally a 2-3-person team: one measurer/digger and one recorder 
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• Complete as much, if not all, of the sample measuring in the field to return as many live 
clams as possible.  

• If sampling cannot be completed, refrigerate, continue the next day and make notation  
• Recorder 
• On the top of the page record: survey location, your name, time, and date  
• Each clam processed should have: species, sample 

station code, length, and weight  
• Measurer  
• For length: measure the widest part of the clam, 

record to the nearest millimeter (mm) 
• For weight: remove as much sediment as possible, 

weigh to the nearest gram (g)  
• For sediment: compare surface and subsurface (6 in 

and below) to Appendix C and record  

Re-Burying Protocol 

When possible, re-bury clams in the same station 
they were collected from (if transplanting clams is necessary due to incoming tides that is 
acceptable, re-burying in general is preferred over freezing).  

In order to properly re-bury a clam, ensure that the long-edge is pointing up and the hinge 
points toward the surface. Try to bury clams at a depth shallower or at depth they would 
normally live at. Cover the clams loosely with sediment as not to suffocate them.  

 
 
 
 
 
 
 
 
 
 
 
 

Notes: 

• Priority is species, length, weight, and sediment, respectively  
• Sample only live clams, disregard shells or shell fragments 
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• Once sampling is complete total number of hours (include prep and travel) and list names 
and title of crew members  

• Scan/email data sheets to leigh.engel@sitkatribe-nsn.gov 
• GIS data can be uploaded to excel 
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Site: Date:   Time:

Recorder Name:

GPS Device and File Names:

Transect Site # Latitude Longitude
Site Code 

[T SS]
# Butters #Littlenecks # Cockles

A 1 From GPS From GPS A_01 20 50 4

Average number of Paces (Per 100ft):

Average Pace Length (ft):

Names and Title of Sampling Crew:

Prep Time:

Time Surveying:

Post Sampling:

Total Hours Spent:

Take Picture, email/scan data sheets to leigh.engel@sitkatribe-nsn.gov

  Clam Survey Sample Station Data Summary

55



56



Site: Date: Time: GPS Device and File Name:

Site Code Species Length mm Weight g Mud Silt Sand Gravel Mud Silt Sand Gravel
Reburied 

Y/N 

Surface Subsurface

Recorder Name:

Sitka Sound Clam Survey Length-Weight Data Sheet

Crew Members:
Species Key: LN- Littleneck, BC- Butter Clam, CO-Cockle 
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Primary Target Species Appendix C 
 
The first target species is the native littleneck clam Protothaca staminea, sometimes 
referred to as “rock or bay cockles”. This is the smallest of the commercially harvested 
species in the area with an average market size of 51 mm. Littlenecks have an oval shell 
with well-defined radiating ribs and raised concentric rings. This species has a heart 
shaped impression in front of their umbo and their colors range from yellowish gray to 
white with wavy brown lines or blotches (Fig. 1). Littlenecks do poorly in fine sand so 
the ideal habitat would be beaches with coarse sand or fine gravel mixed with mud, 
stones or shells (Fig. 2). Adults will burrow to a depth of 20 cm (approx. 8 in), but are 
also found within 15 cm (approx. 6 in) 
of the surface 

 

 
 

 

Figure 1: A littleneck clam on a 

muddy substrate 

Figure 2: Littleneck clam with distinguishing 

features for identification 
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The second of the target species is the butter clam Saxidomus giganteus. Butter clams are 
found on gravel/sandy beaches protected from wave action (less muddy). Butter clams 
may be found as deep as a 30 cm (12 in). They have a yellow-brown coloration around 
the umbo which fades to whitish/grey (Fig. 3). These clams can grow up to five inches in 
length (Fig. 4). 

 
 
 
 

 

 

 

 

 

 

 
 

 
The last of the target species is the cockle Clinocardium 

nuttalli. Cockles have ribbed shells similar to the appearance 
of a scallop (Fig. 5). Their shells can reach up to 14 cm 
(approx. 6 in) in length and have a heart-shaped profile (Fig. 
6). They are tan to brown in color with mottling or banding. 
Siphons are yellow/brown and short in length. Cockles are 
found just beneath the surface of fine sand-gravel sediment, 
often among eelgrass beds. 

 

 

 

 

 

 

Figure 3: Butter clams 

with visible coloration Figure 4: Butter 

clams with 

identification 

information 

Figure 5: Cockle with visible 

coloration on a sandy substrate 

Figure 6: 

Cockle with 

identifiable 

characteristics 

60



Revised: Leigh Engel, April 2019 

External Shellfish Aging Protocol 
 
 

 
Materials 
  

Complete shell (both valves 
intact) 

Magnifying glass Lamp 

Pencils Sharpie Data Sheet 
 
Sample Collection  
This section is repeated in the Phytoplankton Collection and Analysis protocol. 
 

1. The sampling goal for this aging pilot study is 30 Butter clams. If there is another species 
of tribal interest please consult with Shellfish Biomass Lead, Leigh Engel.   

a. Collection method will vary by partner depending on total number of samples 
found in past surveys.  Based on previous years of estimates of biomass you will 
be assigned to collect every third, tenth, fifteenth shellfish sample etc. until the 
30-sample quota is achieved.  

b. Aging samples must be taken from the survey without bias of size/age. This 
excludes the collection of aging samples from harvested or consumed shellfish as 
this will select only larger/older individuals. 

 
Aging 
 

1. Shellfish collected for aging should be processed and cleaned. Once specimens are 
shucked, the shells should be boiled and dried. Keep both valves (halves) of the same 
individual together to avoid confusion of individual specimens.   
 

2. With a fine point sharpie write the date, sample station, and assigned number (#1-30) on 
the smooth interior of both valves (Figure 1). Samples can be stored in a Ziploc bag 
labeled with survey location and date.  

 
Figure 1. Anatomy of clams left; interior: right exterior 
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3. Using a bright lamp and magnifying glass, examine the external shell taking note of the 

concentric rings or annuli (Figure 2). These will appear as cracks. To be a true annulus 
and not mistaken for a set or line it must have both of the following: 

a. Crack is a complete concentric ring and does not stop or blend into other cracks or 
lines 

b. Display sign of growth on either side, this will be observed as a ridge, crack, 
ridge, crack pattern 
 

Multiple lines or sets can be observed in a row but are not to be counted if they do no not 
have both a and b. 

 
Figure 2. From left to right: Butter Clam, Pacific Littleneck, and Cockle Sp. Annuli are marked 

on individuals with a pencil. 
 

4. From the umbo, the first annulus will generally start at 8-12 mm for a Littleneck and 9-18 
mm for a Butter Clam (Figure 3). Starting from this point, count the annuli to the outer 
margin or most recent growth ring. The top edge of the valve is not counted towards its 
final age.  
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Figure 3. Image of a Butter Clam. Umbo is denoted by letter A, an example of an annulus is 
denoted in B and outer margin is denoted in C.  All annuli are marked by pencil. This clam is 
22 years of age.  
 
5. Divide the shell by three axis (Figure 4). When counting annuli, the crack should 

intersect all axis and thus the crack should expand the entire width of the shell.    

Figure 4. Displayed axis on Weathervane Scallop 
 

6. Annuli should be counted by three different viewers and the average age will be 
recorded. Readers 1 and 2 should review different valves of the same individual so they 
do not see or consult with the other reader on age – this process should be independent.  
 

7. Complete Appendix 1 by listing location, species, date, assigned individual ID, individual 
estimated ages, and initials of each reader. 

B 

A 

C 
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Appendix 1 
Location__________________     

Species___________________ 

 

Date Assigned 
Number 

Estimated Age 
Reader 1 

Initials (                 ) 

Estimated Age 
Reader 2 

Initials (                 ) 

Estimated Age 
Reader 3 

Initials (                 ) 
 1    
 2    
 3    
 4    
 5    
 6    
 7    
 8    
 9    
 10    
 11    
 12    
 13    
 14    
 15    
 16    
 17    
 18    
 19    
 20    
 21    
 22    
 23    
 24    
 25    
 26    
 27    
 28    
 29    
 30    
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TYPE OF SHELLFISH DESCRIPTION 

Horse 
clams 

SIZE:  Up to 8 inches
SHAPE:  Oval, similar in shape to butter clams. 
EXTERNAL: Concentric rings on a darkly-colored shell. Dark covering is 
often partially worn off, showing chalky white. Siphon and mantle 
cannot be fully retracted inside the shell.
DEPTH:  12-16 inches
SUBSTRATE:  Gravel, mud, sand 
ZONE:  Lower intertidal to subtidal.

Pacific
littlenecks 

SIZE:  Up to 2½ inches
SHAPE:   Oval to round. 
EXTERNAL:  Concentric rings with radiating ridges forms a lattice 
pattern. Cream/gray colored, but sometimes mottled with brown. 
White interior of the shell.
DEPTH:   4-6 inches 
SUBSTRATE:   Gravel, mud 
ZONE:   Normally mid-tide level to lower intertidal. Sometimes 
subtidal.

Butter 
clams 

SIZE:  Up to 5 inches; heavy for size 
SHAPE:   Oval to square. 
EXTERNAL:   Prominent concentric rings on a cream or gray shell. No 
external siphon or mantle.
SUBSTRATE:   Sand, gravel 
ZONE:   Lower intertidal or shallow subtidal (up to 120 feet). 
WARNING!  BUTTER CLAMS RETAIN MARINE BIOTOXINS SUCH AS PSP 

LONGER THAN OTHER CLAMS 

Razor
clams 

Cockles 

SIZE:  Up to 6 inches
SHAPE:   Round (somewhat triangular) 
EXTERNAL:   Prominent, evenly-spaced ribs radiate from the hinge
and extend to the shell margin. Typically light brown colored, but 
sometimes with lighter colored ribs or with concentric dark bands.
DEPTH:   1-2 inches 
SUBSTRATE:   Sand, mud 
ZONE:   Intertidal or subtidal (up to 90 feet)

Macoma 
clams 

SIZE:  Up to 3 inches 
SHAPE:  Oval to square (to somewhat triangular) 
EXTERNAL:   Wafer-thin, chalky-white shell may be bent at siphon end 
DEPTH:   4-6 inches 
SUBSTRATE:   Sand, mud 
ZONE:   Middle intertidal zone 

SIZE:  Up to 6 inches 
SHAPE:   Oblong 
EXTERNAL:   Gaping oblong shell with concentric rings 

Brown shell 
Siphon is too large to withdraw into shell DEPTH:  6 inches or more 
(moves rapidly downward when dug) SUBSTRATE:   Sand 
ZONE:  Intertidal coastal (ocean beaches) 



Most images and descriptions courtesy of Washington Department of Fish and Wildlife and the State of Alaska's Department 
of Environmental Conservation. 

(http://www.wdfw.wa.gov/fishing/shellfish/) (dec.alaska.gov/eh/fss/seafood/shellfish_home.html)

This ID chart is available at www.seator.org.

TYPE OF SHELLFISH DESCRIPTION 

Mussels
Blue

Eastern 
soft shell 
clams 

SIZE:  Up to 4½ inches 
SHAPE:   Oval to square. Often pointed at the siphon end.
EXTERNAL:   Brittle, thin shells that are mostly chalky white. Brown 
and yellow skin on the edges. These look very similar to small horse 
clams, but the siphon can be retracted completely into the body. 
Concentric rings.
DEPTH:   8-14 inches 
SUBSTRATE:   Sand, mud 
ZONE:   Upper half-tide level near river mouths (prefer low salinity).

Geoduck 

SIZE:  2 ½ lbs average (shells up to 10 inches)
SHAPE:   Oblong 
EXTERNAL:   Gaping oblong shell with concentric rings. White with 
flaky brown skin. The siphon and mantle extend far beyond the shell.
DEPTH:  2-3 feet 
SUBSTRATE:   Mud, sand, gravel 
ZONE:  Subtidal (some intertidal, accessible only on extreme low tides) 

Rock 
SIZE:  Up to 8 inches
SHAPE: Fan shaped with two triangular attachments to the hinge. 
EXTERNAL: Light brown with a reddish of dark brown accents. Strong 
radial ridges extend from the hinge to the shell's edge.
DEPTH:  n/a 
SUBSTRATE:   Rocks and crevices.
ZONE:  Low tidal to subtidal. 

Pink
SIZE:  Up to 2 ½ inches
SHAPE:   Fan shaped with two triangular attachments to the hinge. 
EXTERNAL: Vibrantly pink to cream or light-brown colored. Strong 
radial ridges extend from the hinge to the shell's edge. Fairly flat shell. 
DEPTH:  n/a 
SUBSTRATE:   Soft and hard substrates. Symbiotic with a sponge 
species that is often found on its shell. 
ZONE:  Low tidal to deeply subtidal (up to 900 feet).

SIZE:  Blue mussel up to 3 inches; California mussel up to 6 inches 
SHAPE:   Oblong 
EXTERNAL:   Blue-black or brown shell 
DEPTH:  n/a 
SUBSTRATE:   Rocks, pilings, boats, gravel, other hard surfaces 
ZONE:  Intertidal  

Scallops

Scallops

http://www.wdfw.wa.gov/fishing/shellfish/
http://www.doh.wa.gov/Portals/1/Documents/4400/332-087-Shellfish-ID.pdf
http://www.wdfw.wa.gov/fishing/shellfish/clams/eastern_softshell.html
http://www.wdfw.wa.gov/fishing/shellfish/razorclams/graphics/razorclam_1.jpg
http://www.wdfw.wa.gov/fishing/shellfish/mussels/graphics/sm_mussels.jpg
http://www.wdfw.wa.gov/fishing/shellfish/oysters/graphics/pacific_oysters.jpg








What is Paralytic Shellfish Poisoning?
  Paralytic Shellfish Poisoning (PSP) is an illness 
people can contract from eating shellfish that’s 
been contaminated with toxin from a harmful algal 
bloom (also known as a “red tide”). These toxins can 
temporarily paralyze you, causing death in serious 
cases, by making it impossible to breathe. Early 
symptoms include numbness and tingling in your 
lips and fingertips. Symptoms can develop either 
immediately or several hours after consuming the 
contaminated shellfish. With medical care, patients 
with PSP can recover fully in hours or days.
  PSP toxins are produced by Alexandrium, a genus of 
microscopic marine plants (phytoplankton). When 
Alexandrium multiply especially rapidly they start 
producing a toxin called saxitoxin. Shellfish feeding 
on those plankton can become contaminated. Even 
cooking or freezing the shellfish does not make 
them safe.

Deadly Myths
• Shellfish are safe to eat during months containing 

the letter “r”. Actually, there have been PSP cases 
every month of the year in Alaska.

• If you’re tongue doesn’t tingle after sucking on a 
small piece of shellfish, it’s safe. Symptoms, even 
serious ones, can take hours to develop.

• If the water is clear, there is no danger of “red 
tide” poisoning. Many harmful algal blooms are 
colorless. Some shellfish species can also retain 
their toxins for months after a bloom.

• If wildlife has been eating the shellfish, it must be 
safe. Every animal has a different tolerance to PSP 
toxins. Do not assume that you have the same toxin 
tolerance as a sea otter. 

How can I reduce my risk of getting PSP?
  Since cooking or freezing contaminated shellfish does not make the PSP causing 
toxins inactive, it is important to reduce risk of exposure. First, contact your local Tribal 
government for the latest plankton and toxin results from the monitored beaches. 
SEATOR communities provide data and advisories only; it is your responsibility to 
determine whether it is safe to harvest. Second, if you harvest from an unmonitored site, 
you can directly test your shellfish for toxins by following Sitka Tribe’s Environmental 
Lab’s online protocols. Third, know that shellfish toxins are often highly localized. Do 
not assume that your favorite beach is safe simply because a nearby one was tested 
and got safe results. Finally, reduce your risk from less commonly affected sources like 
crabs and shrimp by removing the viscera before cooking them.

Testing Information
Contact Sitka Tribe of Alaska’s Envirnomental Research Lab (STAERL) testing information & harvesting protocol.
Phone: 907-966-9650      Email: seator@sitkatribe-nsn.gov      Website: seator.org     Facebook: facebook.com/seator.org

Sign warns beachgoers about the 
risks of harvesting shellfish.

Alexandrium monilatum bloom in 
Chesapeake Bay.  Photo credit: W. 
Vogelbein/VIMS.

Paralytic Shellfish Poisoning
What you need to know about “red tide”

Alexandrium under microscope



What is Amnesic Shellfish Poisoning?
  Amnesic Shellfish Poisoning (ASP) is caused 
by domoic acid, a toxin produced by marine 
phytoplankton known as Pseudo-nitzschia. When 
shellfish filter out large amounts of domoic acid and 
Pseudo-nitzschia, they can become contaminated 
with enough toxin to cause ASP. Humans then 
get ASP by eating those contaminated shellfish 
(including clams, mussels, oysters, and crabs).
  Symptoms of ASP develop within 48 hours and 
include vomiting, nausea, and diarrhea. Symptoms 
for more severe cases include headaches, dizziness, 
confusion, and permanent short-term memory loss. 
In rare cases, ASP can lead to coma and death. There 
is no antidote for domoic acid, but patients with ASP 
should be taken to a hospital for supportive medical 
care until the toxin passes through their system.

Dangerous Myths
• Shellfish are safe to eat during months containing the 

letter “r”. In November 2015, the entire California 
crab fishery was shut down due to high levels of 
domoic acid. 

• If the water is clear, there is no danger of shellfish 
poisoning. Many harmful algal blooms are colorless, 
including most Pseudo-nitzschia blooms. Some 
shellfish can also retain their toxins for months after 
a bloom.

• If wildlife has been eating the shellfish, it must be 
safe. Every animal has a different tolerance to ASP 
toxins. Do not assume shellfish are safe on the basis 
of animal observations.

• If shellfish has been tested for Paralytic Shellfish 
Poisoning (PSP) toxins, it’s safe from ASP toxins as 
well. Since the plankton that produces PSP toxins 
blooms independently of Pseudo-nitzschia, the two 
toxins need to be tested for separately.

• Domoic acid can be cooked or frozen out of shellfish. 
This toxin is stable at a wide range of temperatures.

How can I avoid ASP?
• Contact your local Tribal government to find out if Pseudo-nitzschia is blooming in your 

area. If so, send a shellfish sample to the Sitka Tribe of Alaska's Environmental Research 
Lab for domoic acid testing. 

• Clean your crabs and shrimp. Domoic acid accumulates in the crustacean viscera, or 
“butter,” so crab and shrimp guts should be thoroughly cleaned out before cooking.

• Check seator.org/data for the latest info and community advisories.                            
NOTE: while consistently checking data is an excellent step in becoming a more informed 
shellfish harvester, lack of current harmful algal blooms does not guarantee shellfish safety.

Testing Information:
Contact Sitka Tribe of Alaska’s Envirnomental Lab (STAERL) for information on testing availability & harvesting protocols.
Phone: 907-966-9650        Email: seator@sitkatribe-nsn.gov       Website: seator.org        Facebook: facebook.com/seator.org

A satellite picture showing the amount of 
chlorophyll in the North Pacific in summer 
2015. Darker green areas correspond to higher 
concentrations of plankton. Credit: NOAA.

Pseudo-nitzschia, as seen here, can produce domoic 
acid, which sickened thousands of sea lions during a 
long-lasting 2015 bloom.  

Amnesic Shellfish Poisoning
Pseudo-nitzschia seen under a microscope



Harmful Algal Blooms (HABs) and Climate Change
How Global Warming Promotes Toxic Plankton

How could Climate Change affect plankton blooms?
Warm water: like land plants, most phytoplankton 
grow, or bloom, faster in warmer conditions. In fact, 
some plankton can not bloom unless water is above 
a certain temperature. As our climate warms, we can 
expect bloom-friendly water temperatures for longer 
periods of the year, which may result in phytoplankton 
blooms occuring more often and lasting longer. 
Lower salinity: for Alexandrium, which causes Paralytic 
Shellfish Posioning (PSP), lower salinity and more 
water column layers help blooms start. As the climate 
warms, climate projections predict more storms and 
harder rains in the Southeast, causing lower salinity 
surface waters, since more freshwater would dulite 
surface seawater.
Higher CO2: phytoplankon “eat” carbon dioxide, just 
like plants on land. As climate change progresses, and 
with more atmospheric CO2, it would likely make it 
easier for some plankton to grow quickly.
Lots of nutrients: many plankton species bloom best 
when nutrient-rich waters upwell from the deep 
ocean. This does not however appear to strongly affect 
Alexandrium or Pseudo-nitzschia blooms. It is unclear 
how nutrient availability will change as climate change 
progresses.
More light: most phytoplankton need lots of light to 
grow quickly, but local cloud patterns may change as 
the climate warms, making it difficult to determine 
how this will impact phytoplankton.

How does ocean acidification factor into all this?
  Ocean acidification (OA) is often known as global 
warming’s twin. As carbon dioxide is absorbed by our 
ocean, the water becomes gradually more acidic.  This is 
bad news for shell-forming organisms, including quite a 
few phytoplankton species, who will have difficulty making 
their shells as OA progresses. 
  But how will OA affect HABs? While research is still 
ongoing, preliminary research on Pseudo-nitzschia, which 
causes Amnesic Shellfish Poisoning (ASP), suggests that 
it produces more toxin as the water becomes more acidic. 
Alaska already has some of the most acidic water in the 
nation, so as plankton species move north with warmer 
water, they may start producing more toxins during their 
migration. Meanwhile, as our water gets more acidic, 
we may see an increase in the toxicity of our resident 
phytoplankton species as well. Further research is ongoing.

A few notes about safety:
• Remember, shellfish can be unsafe ANY time of 

the year! Toxic blooms are much more common in 
warmer seasons, but many clam species can hold on 
to toxins throughout the year.

• Many blooms do not discolor water, so do not 
assume that you will see a HAB.

Find out more:
Catch up on the latest HAB news at seator.org. Contact the Sitka Tribe’s Environmental Lab for 
information about testing your shellfish, harvesting protocols, and current conditions. 
Phone: 907-966-9650  Email: seator@sitkatribe-nsn.gov  Website: seator.org   Follow us on Facebook!

A satellite image of a Bering Sea algal bloom. 
Photo from the SeaWiFS Project, NASA/
Goddard Space Flight Center, and ORBIMAGE.

Warm-water HAB species like this Heterosigma 
akashiwo may become more common in Alaska 
as climate change progresses. Photo credit: NOAA



Toxic Shellfish 101
How plankton can ruin your dinner plans

Step 1: Phytoplankton “Bloom”
  When conditions are just right, one species 
or genus of plankton can multiply especially 
rapidly. If the plankton is toxin-producing, toxin 
levels can rapidly increase with the populations. 
The exact factors that lead to algal blooms and 
to toxin production are still not well-known.

Step 2: Shellfish Pick Up Toxins
  Shellfish like clams, mussels, and scallops eat 
plankton they filter out of the water. During a 
harmful bloom, a shellfish’s daily meal is almost 
entirely made of toxic plankton. Since a single 
shellfish can filter more than 20 gallons of water 
a day, even relatively low toxin levels in the water 
can become highly concentrated in the shellfish. 
Most shellfish are unaffected by planktonic 
toxins and continue feeding as usual throughout 
the bloom.

Step 3: Toxic Shellfish are Consumed
  There is no visual way to tell if a shellfish is 
safe or not. The water can be clear or colored, 
the shellfish can be eaten or shunned by local 
wildlife, the time since the last harmful bloom 
can be extensive, but it would still be visually 
impossible to say whether wild shellfish were safe 
to harvest. As a result, people are hospitalized 
every year in Alaska after eating unsafe shellfish.
  Getting sick could require as many as thirty 
shellfish or as few as one and could take only 
minutes or up to 48 hours, depending on the 
toxin type and the amount present.

Step 4: The Threat Dissipates
  After as little as a few days, or as long as a few 
months, the bloom fades away. As shellfish stop 
eating toxic food, their toxin levels also decrease. 
Some species, like blue mussels clear their toxins 
relatively quickly. Others, such as butter clams, 
can take months to return to safe levels. Be sure 
to check toxin levels in the specific species you 
plan to eat!

Which Animals Should You Be Most Concerned About?
  Filter feeding bivalves, including mussels, clams, oysters, and 
scallops, are especially prone to accumulating dangerous levels 
of toxin. Carnivorous scavengers like crabs can pick up toxins 
in their viscera (crab’s “butter”) from eating contaminated 
shellfish. Plankton-eating forage fish like herring and sand 
lance are susceptible to algal toxins and can occasionally sicken 
marine mammals.
  Since chitons, limpets, and sea urchins are primarily 
herbivorous, they are not at risk for accumulating planktonic 
toxins.

A non-toxic Noctiluca bloom colors the water in Puget 
Sound a vivid orange. Photo: Don Paulson.

Get your shellfish tested!
Contact STA’s Environmental Lab for testing info. 

Phone: 907-966-9650  Website: seator.org 
Email: seator@sitkatribe-nsn.gov



Southeast Alaska Tribal Ocean Research
  Southeast Alaska Tribal Ocean Research (SEATOR) is a partnership of Alaskan Tribal 
governments, as well as other government organizations, non-profits, and university researchers. 
SEATOR was formed by the Sitka Tribe of Alaska in 2013 to bring together Tribal governments 
concerned about shellfish poisoning. As the partnership has grown, SEATOR has expanded its 
research goals to encompass many other marine threats to subsistence resources.

Harmful Algal Bloom Monitoring
  Many biotoxins are generally caused by large increases 
of toxic plankton, or harmful algal blooms. To catch these 
blooms early, SEATOR partners collect a plankton sample 
from one or more sites in their communities every week 
and analyze them under a microscope.  Phytoplankton 
samples are crucial to efficiently testing shellfish and to 
releasing beach advisories before there are harmful effects 
to people or animals.

Sitka Tribe of Alaska Environmental Research Lab
  The Sitka Tribe of Alaska opened its Environmental 
Research Lab (STAERL) in 2016. STAERL tests water 
samples, shellfish, and marine mammal samples for 
biotoxins and focuses on subsistence resources and 
research. The lab is working to become an FDA-
certified regulatory lab, which would allow it to test 
commercial dive products in addition to subsistence 
and recreational shellfish. Toxin test results are 
available online at seator.org/data and are typically 
available 1-2 business days after receiving samples. 

Contact us for additional information about our ongoing projects or questions about the SEATOR partnership.
Email: seator@sitkatribe-nsn.gov  Phone: 907-966-9650  Web: seator.org  Facebook: facebook.com/seator.org

Ocean Acidification Monitoring
  Ocean acidification threatens most of Alaska’s marine 
resources, but its effects on nearshore ecosystems are still 
not well understood. The Sitka Tribe of Alaska installed 
a Burke-O-Lator in May, 2017 to continuously monitor 
the water chemistry of Sitka Harbor. The Burke-O-Lator 
can also analyze individual water samples, from existing 
shellfish and phytoplankton sites, allowing each community 
to assess its risks from increasing acidification.
Other Projects
• Conducting shellfish population surveys at all beaches 

that are monitored for biotoxins to ensure sustainable 
harvest rates.

• Assessing microplastic and pthalate contamination in 
shellfish.

• Linking watershed assessments to estuarine and marine 
observations.



Harmful Alaskan Algal Species
Alexandrium spp.
• TOXIC. Alexandrium species can produce saxitoxins that 

accumulate in shellfish. These toxins cause Paralytic Shellfish 
Poisoning (PSP) and cannot be neutralized by freezing or 
cooking.

• Alexandrium has a cyst phase that allows cells to remain dormant 
for long periods of time (even years!). Cysts are also toxic and can 
contaminate shellfish.

• Some Alexandrium species can create a reddish tinge in the 
water, hence the name “red tide”. Many blooms are not visible, 
however, so do not visually determine if a site is safe to harvest.

• Blooms of Alexandrium do not have consistent triggers, but are 
the most common in mid-summer, after large rain events, or 
after a cyst bed has been disturbed.

• Alexandrium causes commercial shellfishery closures almost 
every year in Alaska. Recreational shellfish harvesters are also at 
risk.

Pseudo-nitzschia spp.
• TOXIC. Pseudo-nitzschia species can release domoic acid. Like saxitoxins, 

domoic acid accumulates in shellfish and cannot be neutralized by freezing or 
cooking. Domoic acid can lead to Amnesic Shellfish Poisoning (ASP).

• In July 2015, a Pseudo-nitzschia bloom stretched from southern California 
into Southeast Alaska. The southern portion of this bloom produced enough 
domoic acid to shut down shellfisheries along the coast and to sicken hundreds 
of sea lions.

• Colorless! Blooms of Pseudo-nitzschia are not visible without a microscope.
• Pseudo-nitzschia is one of the earliest harmful algal species to bloom in 

Southeast Alaska. In 2015, the bloom season stretched from May to September.

Dinophysis spp.
• TOXIC, but non-fatal. Dinophysis species can produce okadaic acid, 

which can accumulate in shellfish and cause severe gastrointestinal 
distress, or Diarrhetic Shellfish Poisoning. These toxins are also not 
neutralized by cooking or freezing.

• While okadaic acid exposure is not fatal, evidence from Europe suggests 
that it could promote tumor growth.

• Dinophysis blooms in warm conditions with stable salinity.

Heterosigma akashiwo
• NOT TOXIC to humans. Heterosigma can be toxic to fish, however, and has caused 

millions of dollars in damage to farmed fish in Puget Sound over the past few years. 
It has also been documented to kill wild salmon and crustaceans.

• Why Heterosigma akashiwo kills fish and crustaceans is unknown: it could be 
producing an unstable neurotoxin, acting in concert with an unknown virus, or be 
producing radical oxides.

• Blooms are most likely when the water is warm and slightly brackish, like after a 
large summer rainstorm.

Photo: Jan Rines

Photo: Associated Press

Photo: Ecomare

Photo: SeaGrant

More questions? Learn more about harmful algal blooms (HABs), toxins, and available tests by contacting the Sitka Tribe’s 
Environmental Lab.  Phone: 907-966-9650  Email: seator@sitkatribe-nsn.gov  Website: seator.org   Follow us on Facebook!

Photo credit: Kachemak Bay National 
Estuarine Research Reserve

Photo credit: NOAA
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